This contribution to the Festschrift for Professor Thomas (Tom) D. Pollard focuses on his work on the elucidation of the protein organization within the cytokinetic nodes, protein assemblies, precursors to the contractile ring. In particular, this work highlights recent discoveries in the molecular organization of the proteins that make the contractile machine in fission yeast using advanced microscopy techniques. One of the main aspects of Tom's research philosophy that marked my career as one of his trainees is his embrace of interdisciplinary approaches to research. The cost of interdisciplinary research is to be willing to step out of our technical comfort zone to learn a new set of tools. The payoff of interdisciplinary research is the expansion our realm of possibilities by bringing new creative tools and ideas to push our research program forward. The rewarding outcomes of this work under Tom's mentorship were the molecular model of the cytokinetic node and the development of new techniques to unravel the structure of multi-protein complexes in live cells. Together, these findings open a new set of questions about the mechanism of cytokinesis and provide creative tools to address them.
At the 2006 Gairdner Foundation International Award ceremony, Thomas (Tom) Pollard, one of the recipients of the prestigious award that year, gave a presentation. Tom Pollard is arguably one of the greatest contributors to our understanding of the actin and myosin cytoskeleton. At the time, I was a graduate student working on the role of the actin and myosin cytoskeleton in epithelial development. In his talk, Tom told an elegant story about how his research team used advanced quantitative microscopy to calculate the number of proteins in the cytokinetic contractile ring and used the data to generate a computer simulation that could recapitulate the assembly of the contractile ring in fission yeast (Vavylonis et al. 2008; Wu et al. 2008; Wu and Pollard 2005) . I quickly became fascinated by this interdisciplinary approach to achieve the mechanistic understanding of a biological process and the creative development of new tools to tackle previously out-of-reach questions. Listening to this one-hour talk would have a profound influence on the shaping of my own research philosophy and my future career.
Tom's research focuses on understanding the biochemical and biophysical features of the actin cytoskeleton and their applications to cellular processes, namely understanding the mechanism of cytokinesis. Cytokinesis, the physical separation of a mother cell into two daughter cells is one of life's most fundamental processes; it is central to the making of multicellular organisms and the transmission of genetic material across generations. The core machinery of cytokinesis, a contractile ring of actin, myosin motors, and other accessory proteins, is evolutionary conserved from fungi to human. The contractile ring is connected to the inside of the cell cortex and its constriction leads the ingression of a plasma membrane furrow between the two cytoplasmic compartments that will become individual cells after the completion of cell division.
Understanding the mechanism of contractile ring function is comparable to understanding the operation of any machine and to understand how a machine works, it helps to know how it is built. The Pollard lab uses the cytokinetic contractile ring of the unicellular fission yeast Schizosaccharomyces pombe as model system. Fission yeast boasts a long list of benefits as a model system for cytokinesis owing in part to its hefty genetics toolkit. Studies of conditional alleles and gene deletions by endogenous gene editing have created a long list of genes involved in cytokinesis (Pollard and Wu 2010) . In addition, the endogenous tagging of genes with fluorescent proteins constructs can be performed quickly and easily by gene editing. Endogenous tagging with a fluorescent protein such as monomeric Enhanced Green Fluorescent Protein, mEGFP, limits artifacts caused by over-expression of the tagged protein above endogenous levels or due to chemical fixation and is key for time-lapse microscopy. Using these techniques, the Pollard lab established the precise timeline of cytokinetic events using the spindle pole body separation as an internal clock (Wu et al. 2003) . The Pollard group also created a calibration method to calculate protein concentration in live fission yeast cells from measuring the fluorescence intensity of endogenously tagged proteins Wu and Pollard 2005) . With this creative innovation, we can now calculate the number of specific proteins in the contractile ring and in other cellular structures and compartments. By developing these tools, Tom's research team has been assembling the necessary information for building the Bmolecular blueprints^of the contractile ring including its list of parts, the number of each part, and the temporal process for their recruitment to the contractile ring.
Cytokinetic nodes are the precursors to the contractile ring
In fission yeast, the contractile ring assembles from the coalescence of cytokinetic nodes, macromolecular assemblies of proteins important for the assembly and function of the contractile ring. Initial work on elucidating the architecture of the contractile machine focused on the cytokinetic nodes. Using confocal imaging and single-molecule high-resolution colocalization (SHREC) data analysis (Churchman et al. 2005) , Laporte et al. measured the distance between pairs of fluorescently labeled node proteins or between a node protein and the plasma membrane (Laporte et al. 2011) . They endogenously tagged a selection of node proteins, Anillin/Mid1p, FBAR/Cdc15p, IQGAP/Rng2p, myosin-II heavy chain Myo2p and its regulatory light chain Rlc1p, either at their carboxy-or amino-termini with either GFP or tdTomato, two fluorophores with non-overlapping emission spectra. The GFP-Psy1p, a t-SNARE protein that integrates into the plasma membrane was used as plasma membrane marker. They measured the distance between GFP-Psy1p and Rlc1p-tdTomato, which binds to the neck of the Myo2p protein, to be~60 nm. They then measured the pairwise distance between node proteins and found that nearly all the node proteins, Mid1p, Cdc15p, Rng2p, and the tip of the tails of myosin-II heavy chain Myo2p lie in close proximity to one another against the plasma membrane. The one exception was the motor heads of the Myo2 molecule labeled either with fluorescently tagged Rlc1p or the N-terminus tagged Myo2p heavy chain, which localize away from the plasma membrane toward the cytoplasm. These results suggested that the node proteins group close to the plasma membrane and that the Myo2 molecule orients its heads toward the cytoplasm.
Confocal fluorescence microscopy has been and will continue to be a pivotal tool in biology but it cannot resolve protein organization within cells. The resolution of confocal fluorescence microscopy and any other traditional fluorescence microscopy techniques is limited by the diffraction of light passing through a small aperture. Therefore, cellular objects must be separated by at least~250 nm in order to be resolved, a distance much too great to resolve proteins within cellular protein complexes. In other words, the proteins of the contractile ring are too densely packed to be resolved by confocal fluorescence microscopy. Progressing toward drawing the blueprints of the contractile ring requires a microscopy technique with a greater resolution power to determine the physical organization of proteins within living cells. Electron microscopy (EM) can resolve protein organization within cells. However, except for visualizing the actin network (Kamasaki et al. 2007; Maupin and Pollard 1986; Swulius et al. 2018 ) and large bipolar myosin-II minifilaments (Maupin and Pollard 1986) , both large and very regular protein structures, EM has not been useful to determine the organization of other cytokinetic proteins within the contractile ring. In fission yeast, this is partly due to the protein-dense cytoplasm which makes distinguishing protein complexes above the background very challenging. Furthermore, EM requires extensive manipulations to fix and section the samples, which may result in artifacts in cellular and protein morphology.
High-speed FPALM: elucidating protein organization at nanometer resolution in live cells
Super-resolution microscopy techniques have been developed and applied to biology over the course of the last~20 years to break the limit of resolution caused by the diffraction of light and thus reveal previously unseen cellular features. Different super-resolution microscopy techniques include structured illumination microscopy (SIM), stimulated emission depletion microscopy (STED), and those based on single-molecule microscopy such as fluorescence photoactivation localization microscopy (FPALM or PALM) and stochastic optical reconstruction microcopy (STORM). These new technologies are now used to visualize cellular features beyond the limit of resolution imposed by the diffraction of light, and, depending on the method, provide up to a tenfold improvement in resolution over confocal fluorescence microscopy giving us new perspectives on biology. The number of publications listing Bsuper-resolutionâ s a keyword on PubMed has increased from~15 to~500 in a span of 10 years from 2007 to 2017 and we can expect a continued increase in interest in these innovative microscopy techniques as these microscopes become commercially available and more widespread to the general user. FPALM, PALM, and STORM are based on the principle that a sparse population of fluorescently labeled proteins, referred to as emitters, is activated and their emitted light is captured by a very sensitive camera (Fig. 1b) . The population of emitters gradually gets photobleached and becomes depleted during the imaging process. Iterative cycles of activation, image capture, and photobleaching are performed until all the molecules are photobleached. Each separate emission captured during the acquisition phase is then mathematically fitted to identify the source of light, the fluorescent protein tag attached to the protein of interest, therefore localizing the precise position of the fluorescently labeled protein of interest at a spatial resolution of~25-35 nm. The acquisition of emitters used to be time consuming and therefore FPALM was not compatible with live cell imaging. The recent development of true monomeric photoconvertible proteins such as mEos3.2 and mMaple3, the application of faster sCMOS cameras, and the improvement of localization algorithms to identify and fit emitters in dense samples made it possible to acquire full datasets in under a minute, thus making FPALM compatible with live cell imaging (Huang et al. 2013; Huang et al. 2011; Zhang et al. 2012) . Datasets acquired by FPALM in live cells list the coordinates for each single molecule captured during the acquisition thus representing the precise position in both space and time at the moment the emission is detected. This makes FPALM a fully quantitative microscopy technique with the potential to resolve protein organization within macromolecular structures and their dynamics.
Elucidating the molecular architecture of the cytokinetic node and the contractile ring Tom had a vision to uncover the molecular organization of the proteins within the cytokinetic node using the highly quantitative FPALM technique in live fission yeast cells. His research group had previously found that node proteins are present in stoichiometric ratio within the entire band of nodes suggesting that nodes are structurally organized protein assemblies rather than amorphous aggregates of proteins (Wu and Pollard 2005) . To build the molecular model of the node, we used FPALM in live fission yeast cell to determine the size of the zone occupied by each node protein, the position of each protein within the node, and the number of copies of each protein within the node. We tagged a selection of node proteins with mEos3.2, the available monomeric photoconvertible fluorescent protein for FPALM at the time, at their endogenous loci and imaged the live cells by high-speed FPALM. Anillin/ Mid1p, the F-BAR domain containing protein Cdc15p, the Formin Cdc12p, the IQGAP homolog Rng2p, the myosin-II heavy chain Myo2p, and its regulatory light chain Rlc1p were tagged at either their carboxy-and amino-termini. We acquired datasets in cells expressing each of these constructs by focusing either on the surface or across the middle of the cell to obtain both face and side perspectives of the node proteins (Fig. 1a) . We used the contrast between the cytoplasmic background signal and the dark extracellular space to determine the position of the edge of the cell. The coordinates for the acquired datasets for each tagged node protein were plotted as two-dimensional histograms (Fig. 1c) and reconstructed for visualization by applying a Gaussian kernel to each localization and color coding (Fig. 1d) . Upon visual inspection of the reconstructed images, each tagged protein grouped into clusters with a characteristic signature, i.e., each of the tagged node proteins grouped into clusters of distinct size and position with respect to the edge of the cell. As each localized emission represents the precise spatial and temporal information of a single mEos3.2 molecule, we exploited these data for quantitative measurements of the dimensions and radial density distribution of each node (Fig. 1e, f) . This approach treats each single-molecule detection as an independent measurement and takes full advantage of the large amount of single-molecule information obtained in a live-cell FPALM experiment, making it more robust for measuring dimensions compared with a line profile of fluorescence intensity at an arbitrary direction across images reconstructed for visualization. From the fitted center of each cluster of emitters, we measured the radial density distribution of emitters for each tagged protein and the dimension of each cluster as the radius of a circle containing 75% of the emission from the fitted center. This analysis revealed the size and the distribution of each tagged node proteins within the node, two parameters essential to draw the molecular blueprints of the node. Drawing the molecular model of the node requires knowing the number of each of the proteins per node. The mEos3.2 fluorescent protein emits light on and off stochastically a number of times before being photobleached. Therefore, the number of localized emitters cannot be converted into a number of proteins. To count the number of proteins from FPALM data will require determining the exact photophysical properties of the photoconvertible protein used for FPALM in live fission yeast cells. We found however that the number of emissions scales with the number of proteins present per node. Using this information, we counted the number of localizations obtained per node for each node protein and obtained the stoichiometric ratios of protein constituents within each node. We obtained a ratio of 2:1 Myo2 molecule dimers (containing Myo2p heavy chains and Rlc1p regulatory light chain), Rng2p dimers, Cdc15p dimers to Cdc12 dimers, and Mid1p dimers. For the exact number of proteins per node, we used previously published data of total number of proteins per contractile ring and divided these values by the number of nodes per cell we counted by FPALM Wu and Pollard 2005) . 
Side view
We had to confirm that node proteins colocalize within the same structure rather than to distinct populations of nodes. With only one color of photoconvertible protein available for FPALM, the colocalization of pairs of node proteins based on the optical overlap of separate fluorophores of different colors was impossible. We instead co-expressed pairs of mEos3.2 tagged node proteins in the same cells and used quantitative methods to establish their colocalization within the same nodes. We found that both the number of localized emitters and their radial density distribution in cells expressing pairs of tagged node proteins equaled the sum of those values in cells expressing each of the single tagged node protein. These data indicated that each node protein localized within the same structure and not to separate populations of nodes.
From our analysis, we proposed a molecular model of the protein organization in the cytokinetic ring precursor nodes based on the stoichiometries, shapes, and relative positions of the six node proteins and their positions with respect to the cell edge (Fig. 1g, h ). In our model, the central core of the node containing Mid1p, Cdc15p, and Rng2p anchors the Myo2 tails. The Myo2 heads fan out in a bouquet in the cytoplasm. This radial arrangement of myosin II is equivalent to a bipolar myosin II filament with the tails grouped at the core of the node and the heads oriented outward and into the cytoplasm. This bouquet organization perhaps reflects the most effective way for Myo2 molecules to capture actin filaments within a disorganized network during contractile ring formation and also produce force on oppositely oriented actin filaments during contractile ring constriction. Fission yeast Myo2 is not the only myosin-II with spread out heads; indeed purified full-length human nonmuscle myosin-II expressed using the baculovirus/ sf9 system and prepared for EM also showed the fanning out of the heads into bouquets (Billington et al. 2013 ).
In our model, proteins that are known to interact physically were in close proximity and non-interacting proteins were further apart (Fig. 1i) , consistent with the known biochemical interactions between these proteins (Laporte et al. 2011; Saha and Pollard 2012) . Our model is also consistent with the organization of node proteins proposed by Laporte et al. described earlier (Laporte et al. 2011) . To understand how the architecture of the node governs its function, it will be essential to alter its protein constituents either by protein depletion or loss-of-function mutations, determine how these changes affect the node architecture and contractile ring assembly and constriction. For example, the Anillin homolog Mid1p is not essential for contractile ring assembly and function but is required for node formation (Chang et al. 1996; Hachet and Simanis 2008; Huang et al. 2008; Motegi et al. 2004; Saha and Pollard 2012; Sohrmann et al. 1996) . What is the higher organization of the node proteins in the absence of Mid1 and how is this organization related to contractile ring assembly and constriction?
In the quest to uncover the organization of proteins within the cytokinetic contractile machine, McDonald et al. used FPALM in fixed fission yeast cells to elucidate the organization of 19 cytokinetic proteins, 10 regulatory proteins and actin filaments relative to the plasma membrane within contractile rings just prior to the onset of constriction (McDonald et al. 2017) . They endogenously tagged the selected proteins with the photoconvertible fluorescent protein mMaple3 either at their carboxy-or amino-termini. Cells that expressed the fluorescently tagged protein were incubated with a plasma membrane labeling dye and fixed. The cells were imaged by FPALM and the resulting datasets were reconstructed for visualization and for mapping the position of the different proteins from the plasma membrane. Their results show that the contractile ring proteins are organized into layers based on their distribution with respect to the plasma membrane. The authors grouped the protein layers into three tiers. The layer closest to the plasma membrane (0-80 nm from the plasma membrane) is composed of the proteins Mid1p, Rng2p, Cdc12p, the carboxyterminus of Cdc15p, and the tails of Myo2p. The intermediate layer (80-160 nm) contains the N-termini of Cdc15p as well as other cytokinetic proteins. The regulatory proteins of cell division are also concentrated in this intermediate layer. Actin filaments and other actin binding proteins including the actin crosslinker fimbrin/Fim1p and the motor domains of myosins localize in the distal-most layer of the contractile ring (160-350 nm). These layers likely reveal functional subdomains of the contractile ring crucial for its function during constriction. The one distinction between the two studies is that we identified nodes within the constricting contractile rings whereas McDonald et al. did not detect nodes in non-constricting contractile rings. The reason behind this difference is not clear but could be due to different methods of analysis of the FPALM data.
The next frontiers in understanding the mechanism of cytokinesis Drawing the blueprints of the constricting contractile ring is now an achievable goal with the quantitative information of (Laplante et al. 2016a) . d Image reconstructed by applying a Gaussian kernel of sigma 1.5 pixels to each localized emitter of the raw dataset in C and color-coded for density with a heat color map. e Radial density distribution of localized emissions as a function of the distance from the measured center of the node for all nodes labeled with the marker analyzed. f The cumulative distribution function of localized emissions as a function of the squared radius from the measured center of the node for all nodes analyzed. The reported dimension of the node represents the radius of a circle containing 75% of all measurements of all the localized emissions. g, h Molecular model of the node structure modified from Laplante et al. showing the organization of node proteins in face view (G) and side view (H) (Laplante et al. 2016b) . i Schematic of known protein interactions from Laplante et al. (Laplante et al. 2016b) single molecules obtained by high-speed FPALM in live cells. The relentless work of the Pollard group and now its alumni has established a comprehensive platform for measuring protein numbers by confocal microscopy and for the acquisition and analysis of single molecules by high-speed FPALM to exploit the rich information contained in the localization of each single molecule. With these techniques, the molecular blueprints of protein within the contractile ring and their dynamics during constriction are within reach.
One final frontier in our quest to understand the mechanism of cytokinesis is to establish how the architecture of the contractile ring governs its mechanics. To do so, we need to combine structural methods such as FPALM with force measurement techniques or other methods to obtain a functional output of the mechanics of the contractile ring. Such methods include pipet aspiration to measure the force exerted by the contractile ring on the plasma membrane (Stachowiak et al. 2014) , laser ablation (Silva et al. 2016; Wollrab et al. 2016) , and possibly the development of novel biosensors to report the tension exerted by the contractile ring.
Finally, the contractile ring is a dynamic machine with moving parts, parts that turnover and parts that disassemble from the contractile ring during constriction. Confocal fluorescence microscopy is routinely used to measure cellular dynamics but developing the right set of tools to measure dynamics using FPALM in live cells would elevate our knowledge by providing nanometer-scale information about dynamics. One of the main obstacles to measuring dynamics with FPALM is the rapid photobleaching of the fluorophores. In a fission yeast cell expressing endogenously tagged proteins with either mEos3.2 or mMaple3 fluorescent protein, all the molecules are photobleached within a few minutes, limiting dynamics studies to such a short duration. Developing new photoconvertible fluorophores resistant to photobleaching will extend the acquisition period for longer time lapse. Alternatively, minimizing imaging to only a small sub-section of the cell would limit photobleaching to that region of interest, allowing the exchange of proteins with the rest of the cytoplasmic pool of non-photoactivated molecules and prolonging the duration of acquisition. This technique could also serve for fluorescence recovery after photobleaching (FRAP) for measuring the rate of protein turnover.
Creativity is key to scientific perseverance
The actin cytoskeleton is critical to a cell function from ascribing cell shape to enabling intracellular movements of cargo and intercellular communication. The actin monomer is a seemingly modest protein that can rapidly polymerize into networks of filaments to build a variety of complex cellular architectures and depolymerize to be recycled into different structures as the cell functions evolve. Uncovering the mechanisms by which cells utilize and modify their actin cytoskeleton is therefore significant to the understanding of healthy and diseased biological contexts. Tom Pollard dedicated his research program to this scientific field and through his work, we now have a strong foundational understanding of the actin cytoskeleton.
One of the main problems we encounter as we relentlessly pursue our research program is that we exhaust ideas and reach dead ends. To avoid our research efforts from becoming stale, we find new questions to answer using our same set of tools and remain trapped in our comfort zone. How does one persevere in studying the same broad biological question for decades while continuously making progress and without eventually hitting a dead end? The answer I found under the mentorship of Tom Pollard is diversification through creativity. The members of the Pollard lab and Tom's collaborators included scientists from a variety of backgrounds including biochemists, cell biologists, biophysicists, structural biologists, physicists and mathematicians as well as engineers. This diverse training environment provided trainees not only with a broad training in different fields but also with the opportunity to learn about different research philosophies, respect and value different perspectives, a wide spectrum of scientific tools and a rich environment for brainstorming and developing innovative ideas. Together, these benefits reduce our scientific bias based on the use of limited technologies. During my time in the Pollard lab, I learned three ways to maintain a high level of scientific creativity: (1) expand our available toolkit by embracing new technologies and incorporating them into our research platform, (2) establish collaborations across disciplines to gain new perspectives on our biological question, and (3) remain current in the literature. Combining these three approaches keeps us knowledgeable of the possibilities available to our research and stimulates novel hypotheses and innovative ways to test them.
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